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Abstract   

Metals are essential for life and the so-called transition metals undergo redox transformations on 

a biologically accessible potential range. These transformations have an impact in their mobility 

in aqueous medium, their bioavailability, their toxicity and their affinity for biological 

macromolecules. Extracellular redox chemistry is therefore, an essential process for the 

interaction between living organisms and metals. In this chapter we present a survey of the 

current state of the art with respect to the molecular mechanisms of microbial assimilatory metal 

uptake with an emphasis for iron. Direct metal uptake by membrane transporters and indirect 

metal uptake by metallophores are presented. The molecular mechanisms of dissimilatory metal 

reduction with emphasis for iron and manganese reducers are also described. The modes of 

extracellular electron transfer are presented in general and then exemplified with the molecular 

mechanisms known for Gram-negative and Gram-positive bacteria. The implications of the 

extracellular redox chemistry of microorganisms for the environment, health and biotechnology 

are discussed in the end of the chapter and these are framed in the context of the open questions 

that guide future research directions and reveal new possibilities for diverse applications. 
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INTRODUCTION 

Metal ions play an essential role in metabolic processes, and life as we know it would not exist 

without their contribution [1]. The natural selection operating at the level of these chemical 
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elements has made their contribution to the metabolism and structure of living organisms a 

function of their physicochemical properties, both in terms of the kinetic and thermodynamic 

aspects of their reactivity [2]. Metal ions are unique among nutrients because they cannot be 

synthesized or degraded (by metabolic processes). For this reason, bioavailability acts as a 

selective pressure for the evolution of more efficient capture or disposal molecular 

mechanisms.  For example, aluminium is highly abundant on the Earth surface, particularly in 

acidic conditions, but it is not used by living organisms. Its rates of ligand exchange are 

extremely slow and incompatible with metabolic processes, where it interferes with calcium and 

magnesium metabolism. This led to the evolution of efficient efflux pumps that transport 

aluminium out of the cells.  As a counter example, iron precipitated out of the water column as 

Banded Iron Formations caused by the action of photoferrotrophs in the Archaean oceans, and 

later upon the Great Oxygenation Event caused by the action of water-splitting cyanobacteria [3]. 

Nonetheless, despite its low bioavailability iron still remains an essential element for all 

organisms with exception of a few rare examples, and organisms go to great lengths to ensure 

sufficient access to meet their needs  [4,5]. The bioavailability of metal ions is ultimately 

determined by their affinity for ligands as defined by the Irving-Williams series [Cu+ > Zn2+ > 

Ni2+ > Co2+ > Fe2+ > Mn2+ > Mg2+ > Ca2+] and by the nature of the ligands available in the 

environment or biosynthesized by the cells[6]. Given that bioavailability does not necessarily 

match the metabolic or structural need for metal ions, or on the contrary it can exceed toxic 

levels, organisms evolved molecular mechanisms that ensure the homeostasis of these elements 

[7]. Metal homeostasis is ensured by the transport in or out of the cell under the action of metal 

regulatory systems. These systems can be proteins or riboswitches (conserved untranslated 

regions of RNA) that bind the metals or their co-factors, and also bind DNA, thus controlling the 

expression level of genes related to transport and chelation[8]. Adaptation is the key survival 

strategy that governs life. In microorganisms, in addition to the transport systems, the regulation 

of lifestyle with transition between planktonic and sessile growth with biofilm formation also 
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impacts on the toxicity of metal ions or is impacted by their presence [9]. On the one hand, 

quorum sensing among bacteria is disturbed by metal ions and metal nanoparticles leading to 

destabilization of some biofilms, whereas on the other hand, the retention of toxic metal ions in 

the Extracellular Polymeric Matrix of biofilms, allow cells to survive concentrations that would 

be toxic to planktonic cells[10]. In this balancing act of need and avoidance, organisms have 

evolved ingenious molecular systems for the safe collection of the necessary amounts of metal 

ions from their environment at the right time. This chapter focuses on assimilatory metal uptake 

and dissimilatory metal reduction.  

 

1 ASSIMILATORY REDOX CHEMISTRY: SCAVENGING FOR 

METALS 

Metal ions such as iron, copper, zinc, and manganese serve diverse vital roles mostly as 

cofactors of proteins. It is estimated that about 30 to 45% of enzymes are metalloproteins, with 

metals being either redox-inert or redox-active [11,12]. When redox-inert, these often bind 

transiently and either act as substrate activators or as stabilizers of negative charges given their 

Lewis acid properties The most abundant examples of the latter are Magnesium, Zinc and 

Calcium. [13–16].  When redox-active, metals usually bind strongly to the protein and can act as 

Lewis acid stabilizers or as the redox centers of the protein. The most common examples of the 

latter are Iron, Manganese, Cobalt, Molybdenum, Copper and Nickel [17–19]. Given that often the 

availability of metals does not match the metabolic needs, all organisms need to scavenge metals 

from their environment, whether this includes the tug-of-war for iron inside a host, or fighting 

the odds of metal deprivation in the marine environment (Table 1)  [11,20–22]. 

 

insert Table 1 close to here 

 

1.1 Redox inert metals: Magnesium, Calcium & Zinc 
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Magnesium plays a central role for life acting as the counter ion for the key biological molecules 

including the energy-rich ATP and information-encoding DNA and RNA molecules. This metal 

is stable at the 2+ state and is highly soluble and abundant both inside the cell, and in the 

environment (Table 1)[23] . Magnesium homeostasis is achieved by Mg2+ transporters and by 

Mg2+-responsive signal transduction systems. This way, bacteria have the means to evaluate the 

levels of Mg2+ in their surroundings (extracellularly and in the cytoplasm) and have the means to 

mount a biochemical response that enables the maintenance of Mg2+ levels by increasing or 

decreasing different Mg2+ transporters  [24]. Three distinct classes of Mg2+ transporters were 

identified: CorA, MgtE and MgtA [25–27]. They differ in energy requirements, ability to import 

and export Mg2+, in the conditions under which they are expressed, and in the environmental 

cues required for their activation. Most of these transporters function as channels with a pore 

structure and utilize the electrochemical gradient across the cytoplasmic membrane to transport 

their substrates [24].  

Calcium is often compared to magnesium given the similarity in abundance, charge and 

preference for hard donors such as oxygen. However, calcium is used much less frequently than 

magnesium and this is most likely due to the larger size of calcium (radius of 1Å vs 0.7 Å, Table 

1) [11,28]. By contrast, the increased size of calcium makes it more suitable for binding a large 

number of ligands in an irregular geometry enabling it to be particularly suitable for cell-

triggering responses [29]. For such important and sensitive role in the cells, calcium homeostasis 

is tightly maintained and requires an orchestrated activity of export and uptake systems along 

with Ca2+ chaperons, or binding proteins [30]. The export of calcium is well studied, and it occurs 

via P-type ATPases and antiporters [31]. By contrast, calcium uptake systems are barely known 

and only a few have been identified including two Ca2+ channels (in Escherichia coli and in 

Bacillus subtilis) and one energy-dependent P-type ATPase (CtpE from Mycobacterium 

smegmatis)  [32–34]. 

Zinc is the second most common metal ion found in enzymes, partially because it retains the 
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properties of magnesium. It is stable and inert at the 2+ state, but it is a stronger Lewis acid than 

magnesium and therefore it can bind water and form an hydroxide ion for nucleophilic attack of 

the substrates[11,35].The uptake of zinc usually occurs though high-affinity ABC (ATP-Binding 

Cassette) transporters [36]. Encoded by znuABC genes, these transporters consist of ZnuA, a 

periplasmic-binding protein, ZnuB, a membrane permease and ZnuC, an ATPase. These 

transporters can also bind manganese and their specificity has been a matter of debate [36–39]. The 

expression znuABC genes is regulated by zinc and by Zur, a Fur-family (ferric uptake regulator) 

repressor [40]. A second zinc-uptake system encoded by zupT was also identified, but its transport 

mechanism remains unexplored [41]. Additionally, in pathogenic bacteria, zinc can also be 

transported indirectly via small chelators or high affinity zinc-binding proteins termed 

zincophores [39,42,43]. 

 

1.2 Redox-active metals: Iron, Copper, Manganese, Cobalt, Molybdenum & 

Nickel  

Iron has survived in the podium of transition elements throughout the Eras as the most crucial 

metal for virtually all organisms (except for members of the Lactobacillus genus which require 

little or no iron) [44–46]. Despite its abundance, iron is insoluble in aqueous solutions exposed to 

an oxygen-rich atmosphere and thus, microorganisms, fungi and plants have evolved strategies 

to scavenge this element from different environments including, soil and marine sediments, fresh 

waters and living organisms [47]. Iron can either be acquired directly in the ferrous form (Fe2+) 

through the ferrous transport system (Feo) and via ABC-type transporters, or indirectly in the 

ferric form (Fe3+) via siderophores and/or hemophores [48–51] . 

Copper is considered the “new iron” [47]. The Great Oxidation Event was a catastrophic event 

that dramatically changed the bioavailability of elements. As the bioavailability of iron dropped, 

the bioavailability of cupric copper (Cu2+) increased allowing its incorporation in biological 

systems. This gave rise to a new biochemistry which coincidently aligns with the development of 
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multicellular organisms [52]. Thus, the copper pair Cu2+/Cu+ became crucial for life as the redox 

center in multiple proteins such as cytochrome oxidase (ccb3, aa3, caa3), nitrite reductase, Cu,Zn 

superoxide dismutase, laccase, azurin and plastocyanin [53]. Cupric copper is highly toxic at very 

small concentrations, and thus copper levels in the cytosol are very low and tightly regulated. 

Most copper circulates via chaperons (proteins that bind copper), ensuring its safe transport [54]. 

Additionally, in Gram-negative bacteria copper containing enzymes are either periplasmic 

enzymes or are embedded in the cytoplasmic membrane. This avoids the toxicity of copper, 

since the periplasm is a more oxidizing environment enabling the stabilization copper in the 

cupric form (Cu2+). While the major export systems for copper have been identified, Cu+ uptake 

systems are still understudied [37]. The predominant cuprous (Cu+) transporting system involves 

P-type ATPases [37,55]. These are transmembrane transporters that maintain cytoplasmic copper 

levels by coupling unidirectional Cu+ efflux to ATP hydrolysis. Based on phenotypic analysis it 

was suggested that some P-type ATPases can also drive Cu+ uptake in addition to the routine 

efflux function. Additionally, a few proteins have been proposed for directing Cu+ uptake and 

these include porin proteins such as OmpB from E.coli, and three proteins from Pseudomonas 

aeruginosa: an outer membrane protein, OprC; an inner membrane protein, PA3789, and a 

member of the major facilitator superfamily (MFS) PA5030 [53,56]. Copper can also be 

transported indirectly via small chelators termed chalkophores [57]. 

Manganese is an essential trace element for all forms of life [58]. For example, it is found in free 

radical detoxifying enzymes (e.g. superoxide dismutase), in the Oxygen Evolving Complex of 

Photosystem II, and also plays a key role for the virulence of pathogenic bacteria [37,59].   The 

manganese cycle is composed by two states, Mn2+ and Mn3+, where Mn2+ is the biologically 

relevant state. Contrary to iron, Mn2+ does not promote the generation of reactive oxygen species 

and thus its importance in diminishing oxidative stress by substituting Fe2+ species [59].  

Manganese uptake can occur directly via specialized Mn2+ transporters belonging to the ABC-

type protein family or can be proton-dependent Nramp (Natural resistance-associated 



 

 

8 

macrophage proteins)-related transporters[60–62]. Additionally, manganese can be imported 

through the secretion of Mn2+ binding proteins, also designated as “manganeseophores” by 

analogy to hemophores[43].  

Cobalt is almost exclusively found as the redox center of B12-dependent enzymes This cofactor 

forms a weak Co3+-C bond which can undergo heterolytic cleavage and form Co+ and a 

carbonium ion or undergo homolytic cleave and form Co2+ and a carbon radical. This metal can 

also be found in methylmalonyl-coenzyme A epimerase as mononuclear Co2+ for the activation 

of substrates [11,63,64]. Uptake of Co2+ can occur directly using ABC-type transporters of different 

nature: energy-coupling factor (ECF)-transporters, Nickel/Cobalt transporters (NiCoT), and/or 

Ton-B dependent transporters [65]. Additionally, it also has been observed that cobalt-complexing 

ligands (cobaltophores) may play a key role in the uptake of this metal specially in different 

species of cyanobacteria [22]. 

Molybdenum is the only element of the second transition series with known biological 

importance and plays a key role by acting as the redox center of enzymes involved in the carbon, 

sulfur and nitrogen cycles [66]. Molybdenum is found associated with an organic partner (pterin 

molecule in oxotransferases, Moco center) or integrated in an inorganic cluster when 

incorporated in the FeMo-cofactor of nitrogenases. It typically cycles between the Mo4+ and 

Mo6+ oxidation states although in nitrogenase it is found in a spin coupled Mo3+ state [67]. The 

uptake of molybdenum can occur directly via high-affinity ABC-type transporters or indirectly 

via molybdate-binding proteins, which can store up to 8 anions until they can be further utilized 

in the cell, and/or also by molybdophores, ligands that bind molybdenum [68]. 

Nickel is found in enzymes that play key roles in energy and nitrogen metabolisms (e.g. NiFe-

hydrogenase, acetyl-coenzyme A synthase/decarbonylase), in detoxification processes (e.g. 

urease), carbon dioxide fixation (e.g. carbon monoxide dehydrogenase, methylcoenzyme M 

reductase), and others (e.g. Ni-superoxide dismutase, glyoxalase I). In these enzymes nickel can 

be found in the Ni+, Ni2+ or Ni3+ states [19]. Direct uptake of nickel can occur either through 
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ABC-type transporters or via Ni-specific permeases[65,69].  

 

 

1.2.1 Direct metal uptake of redox-active metals 

Direct uptake of the various metals uses membrane associated complexes with common 

organization. In the very rare cases where extracellular metal concentrations are relatively high, 

passive import of metal ions across the outer membrane can occur through nonspecific porins. 

However, the most likely scenario is that metal ion contents are low and thus metal uptake 

requires energy-dependent transporters with inherent specificity [37]. 

 

1.2.1.1 ABC-type importers  

Direct metal uptake through ABC-type transporters is well conserved throughout the bacterial 

domain regardless of the specificities of the metal. Transporters belonging to the ABC 

superfamily couple the energy released from ATP hydrolysis to the translocation of a wide 

variety of substances into or out of cells. ABC exporters are composed by four protein domains 

or subunits: two hydrophobic membrane-spanning domains (MSDs) that are presumed to 

constitute the translocation pathway or channel across the membrane and two hydrophilic 

nucleotide-binding domains (NBDs) that interact at the cytoplasmic surface to supply the energy 

for active transport [60,70]. These then require the interaction with an extra-cytoplasmic solute-

binding protein (SBP) which dictates the specificity of the transport. SBP can have different 

structures and different locations. Furthermore, their designation follows different terminology 

depending on whether they originate from Gram-positive or Gram-negative bacteria. In Gram-

positive bacteria SBPs were grouped as the lipoprotein receptors antigen I, a class of cell-surface 

receptor proteins, whereas in Gram-negative bacteria SBPs are soluble in the periplasm [71]. 

These proteins often have negligible sequence similarity and can transport different substrates. 

However, all have a highly conserved three-dimensional fold which allows their classification 
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according to their ligand specificity. Direct metal ion uptake requires SBPs of cluster type AI 

whereas indirect metal ion uptake requires SBPs of cluster type A II. SBPs of the two cluster 

types are distinguished by the fact that cluster type A II has a larger substrate cavity allowing the 

extra space for the metal-binding molecules. Nonetheless, SBPs of cluster type AI and cluster 

type A II interact with type II ABC transporters [72] .Type II ABC transporters are larger than 

type I or type III. They usually import compounds that are present in the environment at very 

low concentrations by a mechanism that has been described as “buy now, pay later” [71]. Type II 

ABC transporters have very high affinity for the SBPs regardless of whether they are in apo- 

(without the metal) or holo- (with metal) forms. This means that SBPs are bound and perform 

transport constantly (“buy now”). The observation of a basal ATPase activity in this type of 

transporters together with the displacement of the SBP by ATP indicates that ATP hydrolysis 

provides the energy to release SBP from the ABC transporter (“pay later”) [71]. The SBPs in 

cluster A I can bind Zn2+, Ni2+, Mn2+ and Fe2+ but in most cases the role and specificity in vivo 

remains unknown since the actual affinities for the different metals were not measured [62,71]. 

Besides ABC-transporters, other metal-specific direct import systems have been identified, such 

as the Nramp Mn2+ transporters [62]. However, for many the mechanisms and metal specificity 

remain undetermined. Notwithstanding, the most explored case of direct metal uptake is the 

transport of iron through the Feo transport system [37].  

 

1.2.1.2 Iron specific transport: Feo, transport of ferrous iron 

In reducing (anaerobic) and low-pH environments the most stable form of iron is the soluble 

ferrous form (Fe2+). In Gram-negative bacteria ferrous iron is transported via the ferrous iron 

transport system (Feo). It is encoded by the feo operon that is repressed by FUR (Ferric Uptake 

Regulator) in the presence of iron and is activated by FNR (Fumarate and Nitrate reductase 

transcriptional Regulator) under anaerobic conditions.  The feo operon can encode up to three 

proteins: FeoA, FeoB and FeoC. FeoA is a small β-barrel protein with unusually high isoelectric 
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point (E. coli FeoA has a pI of 9.4) and for this reason it has been hypothesized that FeoA may 

be directed into the inner leaflet of the cytoplasmic membrane interacting with the soluble 

domain of FeoB  [73,74]. However, this interaction remains to be observed together with the role 

of FeoA in iron uptake. FeoB is a transmembrane protein with three domains: a soluble G-

protein domain capable of hydrolyzing GTP, a GDP dissociation inhibitor domain and a 

transmembrane domain which putatively is responsible for transporting ferrous iron from the 

periplasm to the cytoplasm [48]. This protein seems to be the most critical for ferrous iron uptake. 

FeoC is a small cytoplasmic protein containing a winged-helix motif and four widely conserved 

cysteines which most likely bind iron. Even though by historical reasons this organization of 

three proteins is the most widely known, this organization corresponds to only 13% of what is 

observed in the known bacterial genomes. Indeed, the most common organization represented in 

54% of the bacterial genomes is FeoAB and then at 11% FeoB only [75]. There is still no structure 

of intact FeoB and there is still no knowledge regarding which part(s) of FeoA and/or FeoC 

interact(s) with the FeoB. Elucidating the site(s) where these interactions take place may 

contribute to unravelling how ferrous iron is transported inside the cell.  So far, the current 

hypothesis is that ferrous iron diffuses freely into the periplasm through porins and then is taken 

by a gate motif of FeoB while the G-protein domain provides the signaling and energy for active 

transport into the cytoplasm. FeoA is then thought to take part in transport through interacting 

with FeoB and FeoC is thought to bind ferrous iron and act as a transcriptional regulator [48]. 

 

1.2.2 Indirect uptake of redox active metals 

1.2.2.1  Metallophores 

The reactivity of metals that makes them critical for life, comes with the cost of toxicity and 

therefore, there are hardly any “free metals” in the cell, leading to the need of metal scavenging. 

Metallophores are small molecules that bind metals. The most thoroughly studied are 

siderophores that evolved to selectively bind Fe3+ and this can be a consequence of two factors: 
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the evolutionary pressure for iron acquisition in an oxygen-rich atmosphere, and the fact that 

there are not many biologically relevant metals that can outcompete Fe3+, with the exception of 

inert Co3+  and Al3+  [11,76]. Some siderophores such as pyochelin and ferrioxamine E can bind 

Co3+ and there is also evidence for Co-complexing ligands even though the identity of the 

organisms producing them and their chemical structures remain unknown [22]. 

As the affinity for Fe3+ decreases, the affinity for other metals increases and thus it is not 

surprising that small molecules have been found to bind other metals such as vanadium, 

manganese, copper, and molybdenum. Often these are not termed as siderophores, instead these 

are called chalkophores (specific for copper-binding) and zincophores (specific for zinc-

binding). It was also observed that often metallophores play a role in detoxification in addition to 

the metal acquisition role [77]. Chalkophores are the best studied example of non-iron 

metallophores [78]. The first chalkophore ever isolated was methanobactin from methanotrophic 

bacteria, which oxidize methane as their sole carbon source. Methanobactin is a chromopeptide 

containing a mononuclear copper center coordinated by two N ε and S atoms [79,80]. Both Cu2+ 

and Cu+ bind methanobactin but binding is reductive and at the end only Cu+-methanobactin can 

be found. The binding affinities of copper binding in methanobactins are usually around 10-21 M-

1 with different Cu+: Methanobactin species observed depending on stoichiometry and pH [77]. 

There is still much to unravel regarding the pathway of methanobactins. These compounds, 

unlike siderophores, are ribosomally produced and post-translationally modified natural products 

(RiPPs)[77]. However, the biosynthetic machinery of chalkophores appears to be unique in the 

RiPP class of natural products. Furthermore, methanobactin can also bind other metals in 

addition to copper, including: Ag+, Au3+, Hg2+, Pb2+, and U6+ using a reductive binding 

mechanism similar to that observed with Cu+; and Cd2+, Co2+, Fe3+, Ni2+, and Zn2+, via a 

different non-reductive mechanism Measured binding constants for other metals appear to be 

lower than that of Cu+ by 10–15 orders of magnitude [80].  

In comparison with chalkophores, very little is known about the role of other bacterial 
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metallophores including zincophores, cobaltophores and molybdophores. Some putative 

zincophores include coelibactin from S. coelicolor, pyridine-2,6-dithiocarboxylic acid, a 

siderophore produced by Pseudomonas putida that can bind Fe2+ with higher affinity, 

yersiniabactin produced by Yersinia pestis and some pathogenic E.coli strains [78]. 

 

1.2.2.2 Siderophores: chelating iron 

The most well-known mechanism of metal scavenging is through the use of siderophores (from 

the Greek “sidero-“meaning iron, and “-phore” meaning barrel). These are small molecular 

weight compounds (from 500-1500 Da) that are secreted outside the cell and present a high 

affinity and selectivity for Fe3+. They are produced by nearly all types of microorganisms in the 

tree of life, but they appear to be more prevalent and are better studied in bacteria [81–83]. Even 

within the bacterial domain, not all are siderophore-producers. Some are what is termed 

“cheaters”, meaning they do not produce their own siderophores but are able to scavenge 

siderophores produced by others. In this case, the scavenged siderophores are designated as 

xenophores, from the Greek “xénos”, meaning “alien or foreign” [84,85]. The ability to utilize 

xenophores allows inter-species cooperation within a microbial community but there is also an 

increased competition for metal acquisition. This was likely the evolutionary pressure that gave 

rise to the wide range of siderophore structures with respectively different affinities. In order to 

have a high affinity for iron, charged oxygens are the usual common metal donor atoms and the 

most common coordination geometry is octahedral. This allows six ligands to be arranged 

around the iron center with a minimum amount of repulsion favoring the formation of the 

thermodynamically stable high-spin Fe3+ species [76]. In some siderophores, the octahedral field 

may be distorted by the inclusion of a nitrogen or sulfur as donor atoms and such modifications 

reduce the affinity for Fe3+ and increase the affinity for other metals. Formation constants (Kf) 

are used primarily for comparisons of iron affinities between the various siderophores. By 

convention, the overall equilibria of metal-ligand stability constants are expressed as βmlh values 
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for the reaction  

 

 mM + lL + hH ⇌ MmLlHh (1) 

 

where M is metal, L is ligand, and H is proton(s). For the wide diversity of siderophores known 

so far, the corresponding formation constants for iron binding to the fully deprotonated ligand 

(Kf ≡ β110) display a range of over 30 orders of magnitude. However, Kf does not consider the 

effect of proton competition in the iron-siderophore complex and thus, the pFe3+(pM) parameter 

has been used as a more reliable comparison for the relative affinity of various ligands for Fe3+  

under physiological conditions [76,85,86]. 

Siderophores can be classified in five classes depending on the chemical moieties that coordinate 

Fe3+: catecholates, phenolates, hydroxamates, carboxylates and mixed-type (Fig.1). Catecholates 

are siderophores characterized by one or more iron-binding catechol moieties (the ortho-isomer 

of dihydroxybenzene). These have the highest affinities for Fe3+ and the most negative reduction 

potentials. The best known example is enterobactin (also known as enterochelin) a siderophore 

that is produced by enterobacteria and that holds the record for the strongest iron binding 

capacity with a β110 of 49 and a reduction potential of -750mV vs NHE at pH 7  [87,88]. Other 

examples of catecholates include azotochelin produced by Azotobacter vinelandii and 

Myxochelin A produced by Angiococcus disciformis [89,90]. Phenolates are siderophores 

characterized by one or more iron-binding phenol moietie(s) (Fig.1). The most illustrative 

examples of phenolate-type siderophores are pyochelin, a siderophore produced by 

Pseudomonas aeruginosa, and Yersiniabactin produced by Yersinia pestis [91,92]. Hydroxamates 

are siderophores characterized by one or more iron-binding hydroxamate groups (Fig.1). Some 

of the most studied hydroxamate siderophores are ferrioxamine E, alcaligin, bisucaberrin and 

rhodotorulic acid. Bisucaberrin and alcaligin represent examples on how interesting the 

coordination chemistry of siderophores can be. These two hydroxamates have a tetradentate 
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nature and thus do not satisfy the preferred octahedral geometry for Fe3+ when forming 1:1 FeL 

(Fe, Iron and L, ligand) complexes. Instead they can form different species (Fe2L3, Fe2L2) 

depending on pH and relative concentration ratios of Fe:L [93]. The speciation of these 

compounds affects their 3D structure when iron-bound and also changes their reduction 

potential, affecting cell recognition and uptake and also iron release on the inside. Carboxylates 

are siderophores characterized by an iron-binding α-hydroxycarboxylate functional group. These 

siderophores tend to be preferred by microorganisms that live in acid environments and are often 

photoreactive. Rhizoferrin is the prototypical example of this class of siderophores that often 

resemble EDTA given that they can bind other metals more strongly than Fe3+ [94]. Within each 

class, siderophores can also be amphiphilic (Fig.1) by containing a fatty acid appendage of 

variable length [95]. Most of these are produced by marine bacteria and besides the feature of 

amphiphilicity, this type of siderophores also display photoreactivity due to the presence of α-

hydroxy carboxylic acid moieties [22,96,97]. This α-hydroxy carboxylic acid moiety is only 

photosensitive when bound to Fe3+. Upon UV-photolysis (~300nm) Fe3+ in the complex is 

reduced to Fe2+ with concomitant oxidation of the ligand producing a photoproduct which can 

still coordinate Fe3+. The photoproduct stability constant is lower than the native. This process 

was first demonstrated in Fe3+-aquachelins but other citrate-based siderophores also undergo 

photolysis and some examples include Fe3+-coordinated aerobactin, orthobactins and 

synechobactins [22,98]. 

 

Insert Figure 1 

 

1.2.2.2.1 Siderophore pathways: regulation, biosynthesis, extracellular release, cell 

incorporation and metal release 

 

The siderophore pathway comprises the synthesis of siderophores inside the cytoplasm, 
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extracellular release into the environment, iron complexation, cell incorporation of ferric-

siderophore and finally iron release for assimilatory uptake (Fig.2). All these processes require 

tight regulation of the involved enzymes and transport systems [85]. Regulation commonly 

involves gene regulation at the transcriptional level by the ferric uptake repressor (Fur) in Gram-

negative bacteria and diphtheria toxin regulator (DtxR) in Gram-positive bacteria [99,100]. 

The biosynthesis of siderophores occurs when cells are iron deprived. It occurs inside the 

cytoplasm via two main pathways: the non-ribosomal peptide synthetase (NRPS) pathway and 

the NRPS-independent siderophore (NIS) synthetase pathway [101]. 

 

Insert Figure 2 

 

Some of the siderophores produced by the NRPs pathway are yersiniabactin (from Yersinia 

pestis), vibriobactin (Vibrio cholerae), mycobactin (Mycobacterium tuberculosis), and 

enterobactin (E. coli) [102–104]. This pathway relies on non-ribosomal peptide synthetases 

(NRPSs), a family of large module-composed enzymes that function in a coordinated and 

sequential way to synthesize nonribosomal peptides (NRPs) including siderophores. All modules 

can exist in the same polypeptide chain (NRPSs, type I), or they exist individually in different 

interacting proteins (NRPSs, type II). The latter are the most common in bacteria whereas the 

former are more common in fungi. With the different modules each NRPS selects, activates and 

anchors each building block into the NRPS assembly line by peptide bond formation [105]. Each 

domain in the NRPS enzyme is highly substrate and function-specific and therefore a genetic 

analysis predicts which substrates will bind and which siderophores will be produced. This 

predictability in the modular architecture of NRPSs gave rise to software such as antiSMASH 

and PRISM which from sequence analysis identify and predict the functionality of NRPS-

encoding gene clusters [106,107]. The knowledge from these predictions is helping in the discovery 

of novel peptides and is also being used for the reprogramming of biosynthetic machinery for the 
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synthesis of novel peptides with improved and diversified bioactivities [5,105,108]. 

The NIS pathway relies on NIS synthetases and usually synthesizes polycarboxylate 

siderophores. However, other siderophore types (for e.g. hydroxamates) are also produced by 

these enzymes, such as: achromobactin, aerobactin, alcaligin, petrobactin, staphyloferrin A & B, 

legiobactin. schizokinen and synechobactin. NIS synthetases are responsible for a single 

enzymatic reaction, typically activation of citric acid, via adenylation and nucleophilic capture of 

an amine or alcohol group which by releasing AMP produces a citryl intermediate. These are 

classified based on the carboxylic acid and hydroxamate-amine substrates: i) type A NIS which 

utilize citric acid and mono-amine or amide substrates, with the variant type A’ NIS which are 

grouped based on the enantioselective nature of substrates and final chirality of the product; ii) 

type B NIS, which utilize ketoglutaric acid and citryl-amine intermediate and; iii) type C NIS, 

which are specific for mono-amine or amide substrates with citryl- or succinyl- intermediates. 

Multiple sequencing alignments of each type of NIS does not show significant sequence 

conservation but it has been proposed that this may be due to the limited number of validated 

NIS genes [101]. Often, more than one NIS enzyme is required to synthesize a siderophore and 

usually the biosynthetic pathway through NIS enzymes is discovered by homology searches 

using the aerobactin NIS synthetases encoded by the iuc operon in E. coli K-12 [101,109]. As a 

model example, the aerobactin synthesis requires two NIS synthetases: Type A IucA synthetase, 

which catalyzes the condensation of N-acetyl-N-hydroxylysine and citric acid to form N-citryl-

acetyl-N-hydroxylysine and type C, IucC, which mediates the addition of another N-acetyl-N-

hydroxylysine to the citric acid moiety of N-citryl-acetyl-N-hydroxylysine to form the symmetric 

aerobactin molecule [101,110]. 

Once the apo-siderophores are produced, the size and charge of these compounds prevents 

passive diffusion and thus, they must be exported via specialized secretion systems into the 

extracellular space for iron scavenging/complexation [111]. There is still much to unravel 

regarding the secretion mechanisms of apo-siderophores. However, from the identified secretion 
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systems, the transporters involved belong to three different structural families of bacterial 

multidrug resistance (MDR) translocases/transporters: the major facilitator superfamily (MFS), 

the resistance, nodulation, and cell division (RND) superfamily and the ABC superfamily [85]. 

MFS transporters are found in all domains of life and move a variety of small compounds 

including nutrients, metabolites, signaling molecules and even toxins and drugs across biological 

membranes. They can operate as uniporters, that transport a single substrate and require no 

energy input; symporters, that transport a substrate together with a coupling ion (typically 

protons); and antiporters, that transport a substrate and a co‑substrate in opposite directions, with 

the binding of one dependent on the prior release of the other. Both of the latter require external 

energy input, but unlike the former, they can transport substrates against their concentration 

gradient [112]. Some examples of MFS transporters that play a role in secreting siderophores 

include: EntS for the secretion of enterobactin in E. coli, YhcA for the secretion of 

achromobactin in Erwinia chrysanthemi, LbtB for the secretion of legiobactin in Legionella 

pneumophila,  PvsC for the secretion of vibrioferrin in Vibrio parahaemolyticus, SchE for the 

export of schizokinen in Anabaena sp. PCC 7120, CsbX for the secretion of protochelin-like 

siderophores in Azotobacter vinelandii, and SfaA and SbnD for the secretion of staphyloferrin  

[85,113–116]. The RND family includes several members that are relevant to antibiotic resistance in 

Gram-negative bacteria and these function as proton antiporters. Some members of the RND 

family identified to play a role in the secretion of siderophores are: AcrB, AcrD that transport 

enterobactin in E. coli, ApeX that exports petrobactin in Bacillus anthracis, MmpL4 and 

MmpL5 that export mycobactins and carboxymycobactins from M. tuberculosis [117–121].  

From the ABC family involved in iron secretion, the following secretion systems have been 

identified: ExiT that exports exochelin from Mycobacterium smegmatis and IroC for the export 

of salmochelin. This later example, however, has been subject of controversy since independent 

studies show that IroC is also responsible for the uptake of the ferric-salmochelin. Given the 

current state-of-the-art regarding the mechanisms of siderophore uptake, it is possible that apo-
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siderophore release and holo-siderophore (ferric-form) uptake may actually be coupled into one 

mechanism [119,122–124]. 

Overall, from the almost uniquely characterized secretion system of enterobactin, it seems that 

siderophore secretion follows the three-component organization that is shared amongst the 

majority of multidrug transporters [83,125]. This three-component organization consists in an inner 

membrane efflux protein or transporter/translocase (IEPs) (which can be of any of the previously 

described families), an outer membrane efflux protein or channel (OEP) (OM) and a periplasmic 

efflux or accessory protein (PEP) that connects the two [125,126]. From the data gathered regarding 

the secretion systems of enterobactin, the hypothesis is that it is exported to the periplasm by 

inner membrane protein EntS and/or by RND transporters AcrB, AcrD, and MdtBC and then 

enterobactin goes through PEP member ArcA and/or MdtA into the OEP member TolC to be 

exported to the extracellular space [83,111,118]. Currently, only one other OEP and PEP members 

have been identified with a role in siderophore secretion: HgdD from Anabaena sp. PCC 7120 

and MmpS4 & MmpS5 from M. tuberculosis, respectively [120,127]. Once in the extracellular 

space, apo-siderophores will bind available ferric iron and then the ferric-siderophore is 

incorporated back inside the cell. In Gram-negative bacteria, cell incorporation of ferric-

siderophores requires specific energy-dependent outer membrane receptors (OMR) since the 

majority of ferric-siderophores are larger than 600 Da and thus porin-mediated transport is low. 

Typically, the affinity of these outer membrane transporters to the ferric-siderophores is 

extremely high, in the range of 1-50 nM, allowing for the scavenging of these complexes from 

the environment. Once in the periplasm they are bound to periplasmic SBPs, which are also 

designated as siderophore-binding proteins for translocation into the cytoplasmic membrane via 

ABC-type transporters [76]. In Gram-positive bacteria, the import of ferric- siderophores occurs in 

a similar way with the exception of the binding to outer membrane transporters [128]. In Gram-

positive bacteria ferric-siderophores are transported via SBPs, permease(s) and an ATPase. SBPs 

are anchored in the membrane and specifically bind siderophores in both ferric- and apo-forms 
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[129]. Two mechanisms have been proposed for the translocation of ferric-siderophores into the 

cytoplasm: a displacement mechanism, whereby the initially bound apo-siderophore is replaced 

by the ferric-siderophore, or by a siderophore-shuttle mechanism where Fe3+ is exchanged 

between the free ferric-siderophore and the bound apo-siderophore and once exchanged, the 

ferric-siderophore can be transported inside the cell [124,128,129]. Once inside the cell, given the 

high affinities for iron, iron release from the ferric-siderophore complex does not occur 

spontaneously. Instead, iron release from ferric-siderophore complexes can occur via three main 

mechanisms: the hydrolysis of the ferric-siderophore, proton-assisted dissociation of the 

siderophore-complex and reduction of the ferric iron [130,131]. The hydrolysis of the ferric-

siderophore by esterases (FSE, ferric siderophore esterase, Fig.2), has been observed for various 

siderophores including bacillibactin (by BesA esterase), enterobactin (by esterase Fes) and 

fusarinine C (by esterase Sidj) [132,133]. This strategy involves great metabolic cost since it 

requires a constant production of new siderophores for iron acquisition. On the other hand, 

despite ensuring the recycling of the siderophore, proton-assisted dissociation of the siderophore 

complex requires a very low pH to guarantee complete dissociation. Siderophores have redox-

Bohr effect, thus, the potential increases as the pH is lowered, and in some cases ferric 

siderophores are sequestered by intracellular compartments that have a lower pH, perhaps as a 

strategy to facilitate ferric siderophore reduction [131]. 

At neutral pH and in the absence of esterases, the release of iron via reduction of the ferric iron is 

the remaining mechanism. Upon reduction of Fe3+ to Fe2+, the stability of the complex is 

decreased given the usual low Fe2+ affinity. This will facilitate the kinetics of ligand exchange 

allowing time- and site- specific delivery of the metal. Reduction of the iron center is proposed 

to occur via small molecule reducing agents or by a superfamily of assimilatory ferric reductases. 

In bacteria, ferric-siderophore reduction can occur in the cytosol or in the periplasm. In the 

cytosol, it involves a superfamily of proteins that is widely conserved across bacteria and these 

are known as Siderophore-Interacting Proteins. These can belong to two distinct families: the 
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ferric-siderophore reductase (FSRs) family, and the siderophore-interacting protein (SIPs) family 

[134,135]. From the FSRs family one protein has been isolated and fairly characterized: FhuF, a 

ferric-hydroxamate reductase from E. coli.  FhuF is an atypical 2Fe-2S ferredoxin which can 

promote iron release from hydroxamate-type siderophores, namely, ferrichrome, ferrioxamine B 

and coprogen [136]. For the SIPs family, more members have been identified and characterized 

and thus these can be further distinguished in two broad groups: one that generates cytosolic 

reduced free flavins that subsequently reduce the ferric-siderophores, and another that contain 

stably attached flavins and use NADH and/or NADPH as reducing agents. Once iron is released 

for incorporation into host proteins, the siderophore ligand can be secreted outside for further 

rounds of iron uptake.  

   

1.2.2.3 Hemophores, chaperons and others 

Hemophores are specialized proteins that are extracellularly secreted and can acquire heme from 

diverse sources delivering it to specific outer membrane receptors [51]. Hemophores play a key 

role in the tug-of-war between bacterial pathogens and eukaryotic hosts. There are different 

types of hemophores including: HasA-type, HxuA-type, NEAT-type and Rv0203. The HasA-

type (Heme acquisition system, Has) is the best known and has been identified in several Gram-

negative bacteria. Heme transfer occurs from host-hemeproteins to HasA given the higher 

affinity of the hemophore to heme, without the formation of a stable protein-protein complex. 

The HxuA-type is represented by a large 100 kDa protein hemophore from Haemophilius 

influenzae that promotes heme release from hemopexin. However, unlike other hemophores, 

HuxA does not bind heme. The NEAT(near-transporter)-type hemophores are represented by Isd 

(iron surface determinant) proteins from the Gram-positive heme uptake pathway. These proteins 

contain one or more NEAT domains and can acquire heme from methemoglobin (hemoglobin in 

the Fe3+ state).  Rv0203 was the most recently identified hemophore from Mycobacterium 

tuberculosis (Mtb) heme pathway. This hemophore has no sequence and structural similarities 
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with HasA-type hemophores, but it contains a similar heme-binding motif.  Heme from 

hemophore proteins is then transported to the periplasm via TonB-dependent outer membrane 

transporters and eventually shuttled across the inner membrane type II ABC-transporters, as 

previously mentioned [137].  

Notwithstanding, evidence has been increasing for other hemophore-like proteins with affinity 

for other metals such as manganese (manganeseophores) and zinc (zincophores). In different 

Burkholderia species zincophore (TseZ) and a manganeseophore (TseM) were identified [43]. 

Other more sophisticated systems for obtaining metals were recently identified such as the 

ferredoxin uptake system (Fus) a gene cluster encoding proteins that promote the transport of 

ferredoxin into the bacterial cell and process it proteolytically for iron uptake [138]. 

 

2 DISSIMILATORY REDOX CHEMISTRY: POWERING THE 

METABOLISM WITH METALS 

Microbes also have the ability to use metals as terminal electron acceptors. This type of 

metabolism, called “dissimilatory metal reduction”, is distinct from the reduction of metals for 

metal uptake into cells, since it leads to conservation of energy. By coupling the oxidation of 

hydrogen or organic compounds to the reduction of metals, such as Fe3+, Mn4+, U6+ and Cr6+, 

some microbes can support growth [139]. There are other organisms that use them for 

detoxification [140]. Microbial reduction of oxidized forms of metals is crucial not only for the 

biogeochemical cycles of metals, but also for the fate of organic matter and nutrients present in a 

variety of environments [141]. 

The ability of organisms to reduce metals was discovered in the end of the 19th century [142]. 

However, at that time Fe3+ and Mn4+ reduction was thought to be the result of a non-enzymatic 

process [143].  

The first organisms shown to be able to couple the oxidation of organic matter to the reduction of 

metals belong to Shewanella and Geobacter genera [144,145]. Nowadays, dissimilatory metal 
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reducing organisms (DMRO) are continually being discovered. This is mainly due to the fact that 

dissimilatory metal reducing bacteria can be used for the bioremediation of contaminated 

environments with metals  and in microbial fuel cells for the production of energy [146,147]. In 

these devices, DMRO instead of using metals, use an electrode as the terminal electron acceptor, 

coupling their growth with the transfer of electrons to the electrode (Fig.3). 

  

Insert Figure 3. 

 

Dissimilatory metal reduction affects the geochemistry of soils and sediments by allowing the 

formation of solid minerals, and also contributes to the biogeochemical cycles of metals [148]. In 

particular, dissimilatory Fe3+ reduction has a larger overall environmental impact than microbial 

reduction of any other metal. Iron respiration has been identified in numerous organisms, 

including Bacteria and hyperthermophilic Archaea [144,145,149,150], and has been proposed as one of 

the earliest forms of microbial metabolism to have evolved [151], preceding the respiration of 

oxygen, nitrate and sulfate [87] .  

 

2.1 Dissimilatory Metal Reducing Organisms 

  

The best characterized metal reducing organisms are Geobacteracaea and Shewanellacaea. 

These organisms are able to use a wide variety of electron acceptors, including metals, and have 

been the focus of research for understanding extracellular electron transfer [152,153]. Geobacter 

sulfurreducens strain PCA and Shewanella oneidensis strain MR-1 have become the model 

organisms for the study of DMRO. While family members of the Shewanellacaea are able to 

metabolize a wide variety of substrates, including monosaccharides, carboxylates and 

aminoacids as carbon and energy sources under oxic and anoxic conditions, Geobacteracaea are 

restricted to anaerobic respiration, using acetate or short-chained organic acids as carbon an 
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electron donor  [154,155].  

The freshwater isolate Geobacter metallireducens (formerly known as strain GS15) was the first 

organism known to conserve energy coupling the oxidation of acetate to iron reduction [156]: 

 

 CH3COO− + 8 Fe3+ + 4H2O → 2 HCO3
− + 8Fe2+ + 9H+ (2) 

 

Geobacter species are also able to reduce Fe3+ minerals to the mixed valence mineral magnetite 

using short chain fatty acids and monoaromatic compounds, such as toluene and benzene as 

electron donors [157–160]. 

Desulfuromonas acetoxidans, a marine bacterium that is closely related to Geobacter and that 

was isolated due to its ability to couple the oxidation of acetate to S0 
[161], is also capable of 

growing on acetate using Fe3+ as the sole electron acceptor [162]. Although many organisms have 

the capacity to reduce Fe3+ under anaerobic conditions, only a limited number of organisms are 

known to couple it to acetate oxidation. Others, including members of Shewanellacaea and 

sulfate reducers are unable to use acetate. These organisms conserve energy to support growth by 

coupling the oxidation of more complex substrates such as lactate, formate and pyruvate to the 

reduction of Fe3+: 

 

HCOO− + 2 Fe3+ + H2O → HCO3
− + 2 Fe2+ +  2 H+ (3) 

 COHCH3COO− + 4 Fe3+ + 2 H2O → HCOO− + HCO3
− + 4 Fe2+ +  5 H+ (4) 

COCH3COO− + 2 Fe3+ + 2 H2O → HCOO− + HCO3
− + 2 Fe2+ +  3 H+ (5) 

 

Or can couple the oxidation of H2 to the reduction of Fe3+, via the reaction: 

  

H2 + 2Fe3+ → 2H+ + 2Fe2+  (6) 

  

Facultative anaerobic organisms within the genera Aeromonas and Ferrimonas have also been 
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shown to utilize Fe3+ as an anaerobic electron acceptor, but, like Shewanella species, they are 

unable to use acetate as an electron donor [139]. Several Desulfovibrio species can incompletely 

oxidize lactate to acetate and carbon dioxide, and are also able to oxidize H2 with the reduction 

of Fe3+ [163,164]. In this case no net growth was observed during reduction of Fe3+ [163]. 

In acidic environments, elemental sulfur can also be used as an electron donor for Fe3+ reduction. 

DMRO such as Thiobacillus ferrooxidans, and Sulfolobus acidocaldarius can reduce Fe3+ to 

support growth [165,166] via the reaction: 

 

               

S0 + 6 Fe3+ + 4 H2O → HSO4
− + 6 Fe2+ + 7 H+ (7) 

  

These thermophilic organisms can also reduce Fe3+ with glycerol or thiosulfate as the electron 

donor [167].  

Although microbial reduction of Fe3+ was observed primarily in low-temperature environments, 

the identification of S. acidocaldarius as a DMRO, provided evidence for the existence of 

thermophilic Fe3+ reducers. Since then, thermophilic bacteria were also discovered in two 

geologically and hydrologically isolated Cretaceous- and Triassic-age sedimentary basins in the 

deep terrestrial subsurface [148,168]. Two thermophilic Gram-positive bacteria belonging to the 

Firmicutes class were also identified as DMRO [149,169]. The discovery of these organisms has led 

to the hypothesis that Fe3+  respiration existed on Earth in the beginning of life [170].  

Although iron reduction is one of the most characterized metal based respiratory metabolisms, 

DMRO can also reduce other metals. For example, most of the organisms capable of reducing 

Fe3+ are also able to reduce manganese oxides. Indeed, microbial Mn4+ reduction greatly 

parallels dissimilatory Fe3+ reduction [148]. This type of reduction has been reported in marine, 

freshwater and terrestrial environment, which implies that manganese may play an important role 

in carbon mineralization [145,171]. In general, Fe3+ and Mn4+ reducers oxidize the same type of 

electron donors, however there are some exceptions. These include the Fe3+ reducing 



 

 

26 

Pseudomonas sp. that cannot couple the oxidation of H2 with the reduction of Mn4+, and the Fe3+ 

reducing proteobacterium Ferribacter limneticum that is not able to use Mn4+ as an electron 

acceptor [172,173] 

G. metallireducens was the first organism found to reduce uranium, from U6+ to U4+, via the 

reaction: 

 

      CH3COO− + 4 U6+ + 4 H2O → 2 HCO3
− + 4  U4+ + 9H+ (8) 

 

Uranium, the heaviest naturally occurring element on Earth, is a very common radioactive 

element and it exists in all types of rocks [174]. Most Fe3+ reducing bacteria are able to use U6+ as 

an alternative electron acceptor and reduce it to insoluble U4+ mineral, because near neutral pH 

the potential of the U6+/U4+couple is similar to the potential of the Fe3+ /Fe2+. Given that U6+ is 

highly soluble in most natural waters and U4+ is insoluble, the biological reduction of U6+ to U4+ 

is of significant importance in bioremediation, for treating uranium-contaminated waters or soils 

[174].  

Like uranium, gold is soluble in the oxidized form, Au3+ and insoluble in the reduced form, Au0. 

Several organisms were shown to have the capacity to reduce Au3+, including mesophilic and 

hyperthermophilic organisms [175]. However, the reduction of Au3+ was not associated with 

growth, suggesting that the reduction of this metal is a strategy to avoid Au3+ toxicity [175]. 

Although selenium is not a metal, some DMRO are able to couple their growth with the 

reduction of selenium compounds, including selenate (SeO4
2-), selenite (SeO3

2-) and elemental 

selenium (Se0) [176,177]. These comprise species of the genera Bacillus, Sulfurospirillum, 

Pseudomonas, Clostridium, Citrobacter and Flavobacterium [176,178–180]. Several organisms can 

conserve energy to support growth via selenate reduction by the reaction: 

 

4 CH3COO− + 3 SeO4
2−  → 8 CO2 + 3 Se0 + 4H2O + 4 H+ (9) 
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While others, including Pseudomonas are able to reduce selenate to selenite: 

       

CH3COO− + H+ + 4 SeO4
2−  → 2 CO2 + 4 SeO3

2− + 2 H2O (10) 

 

The reduction of selenite to elemental selenium, although identified in numerous organisms since 

the beginning of the 20th century, was never observed to be associated with energy conservation. 

Instead, it is used as a detoxifying mechanism [176,177,181]. 

The reduction of highly toxic and mobile chromium Cr6+, to the less toxic and less mobile Cr3+, 

can be performed by several organisms including P. aeruginosa, Desulfovibrio vulgaris and S. 

oneidensis MR-1[148,182,183]. These organisms reduce Cr6+ during anaerobic growth and use this 

metal as the sole electron acceptor: 

  

3 CH3COO− + 17 H2O + 8 CrO4
2−  → 6 HCO3

− + 8 Cr(OH)3(s) + 13 OH− (11) 

 

Soluble mercury, Hg2+, can be reduced to volatile Hg0 by many aerobic and facultative 

microorganisms as a detoxifying mechanism [148,184]. In surface waters Hg(OH)2 and HgCl2 are 

the most common species, while the predominant form in fish is methylmercury [182,184]. DMRO 

play an important role in environmental mercury methylation [185]. For example, S. oneidensis 

MR-1 can reduce Hg2+ to Hg0 in the presence of electron donors and acceptors, suggesting that 

the reduction of Hg2+ involves the activity of respiratory chain enzymes [186].  

Technetium can also serve as an electron acceptor in anaerobic respiration. This radioactive 

contaminant exists under aerobic conditions in the form of pertechnetate, Tc7+, which is soluble. 

The reduced form exists as Tc4+ that is highly insoluble [148]. The sulfate reducing organisms 

Desulfovibrio gigas and D. vulgaris can convert Tc7+ to insoluble adsorbed technetium sulfides 

[44]. 

Vanadium is an abundant trace element with a high value for numerous industrial applications. 

To date, Pseudomonas sp. and S. oneidensis MR-1 were shown to reduce V5+ to V4+ under 
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anaerobic conditions [187–189].  In these organisms, sugars, aminoacids, lactate and hydrogen serve 

as electron donors for the V5+ reduction. 

  

2.2 Modes of extracellular electron transfer 

The ability of microorganisms to transfer electrons to insoluble metals outside of the cell rely on 

their ability to perform extracellular electron transfer. This type of metabolism allows the 

microbes to couple their internal metabolism with external charge transport. Up to date two 

different mechanisms have been proposed for extracellular electron transfer (Fig.3). These are: 

(i)  Direct contact between the microbe and the insoluble electron acceptor. This occurs through 

cell-surface proteins, or conductive nanowires or pili. While cell-surface proteins are produced in 

the presence of insoluble electron acceptors, pili or nanowires are usually generated under 

electron acceptor-limited conditions[190]. These structures serve as alternative pathways to extend 

the direct extracellular electron transfer distance and maximize the efficiency of electron transfer 

[191,192]; 

(ii) Indirect electron transfer through soluble electron shuttles. These are small redox mediators 

including anthraquinone 2,6-disulfonate, humic acids and flavins, that are produced by the 

microorganisms or are available in the environment [193–195].  

DMRO can use one or both mechanisms to transfer electrons produced during microbial 

metabolism to the outside of the cell. During catabolism, electrons are produced and reduce the 

quinone pool at the inner membrane. This occurs via several quinone reductases, such as formate 

dehydrogenase or hydrogenase. For the turnover of the quinone pool in DMRO, the reduced 

quinol is oxidized, and the electrons are transferred to periplasmic proteins that mediate electron 

transfer to cell-surface proteins for the reduction of metals outside of the cell. This requires that 

electrons are moved from inside the cell to redox proteins on the cell surface [190,196]. It has been 

demonstrated that in most DMRO, multiheme c-type cytochromes play an important role in these 

pathways [152,190,197]. These proteins can be found associated with the inner membrane, in the 
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periplasmic space, and at the cell surface of numerous DMRO, playing essential roles in 

extracellular electron transfer [197–207]. At the cell-surface, these proteins are responsible for 

transferring electrons directly to the insoluble metals, or indirectly with the use of soluble 

electron shuttles [193,207,208]. 

Different microorganisms evolved distinct pathways to overcome the physical barrier of the cell 

envelope. Those best characterized and known are the metal-reducing (Mtr) pathway in S. 

oneidensis MR-1 and the porin-cytochrome-mediated (Pcc) pathway of G. sulfurreducens 

[152,209]. However, distinct pathways were hypothesized in other DMRO (Fig.4). 

 

 Insert Figure 4 

 

2.2.1 The Mtr pathway of S. oneidensis MR-1 

The Mtr pathway of S. oneidensis MR-1 is composed by six multiheme c-type cytochromes: the 

inner membrane tetraheme cytochrome CymA, the periplasmic tetraheme proteins STC and 

FccA, the outer membrane porin complex MtrCAB composed by the decaheme cytochromes 

MtrC and MtrA, and the β-barrel protein MtrB, and the outer membrane decaheme cytochrome 

OmcA [210] (Fig.4 A). Although these proteins were shown to be involved in the extracellular 

electron transfer pathway to metal oxides and electrodes, there are others that are also important 

for this process  and of other insoluble electron acceptors [211–213].  

CymA oxidizes quinol in the cytoplasmic membrane and transfers the electrons to STC and 

FccA in the periplasmic space that function as mediators to the outer membrane porin complex 

for the reduction of metal oxides [214]. Besides this, CymA can also transfer electrons to other 

terminal reductases present in the periplasmic space, such as nitrite reductase and octaheme 

tetrathionate reductase [215]. Since the knock-out of CymA impairs growth of S. oneidensis MR-1 

with most used anaerobic electron acceptors, it has been proposed that this tetraheme 

cytochrome works as a respiratory electron hub in this organism [216,217]. 
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STC and FccA interact with CymA and MtrA from the MtrCAB complex [214].  Interestingly, 

these proteins (STC and FccA) interact with both proteins (CymA and MtrA) with the same 

heme, indicating that they cannot form a stable ternary complex that would span the width of the 

periplasmic space [214]. Furthermore, they compete for the same binding place in MtrA [215]. It 

was proposed that the presence of both proteins in the periplasmic space allows the organism to 

quickly release catabolic electrons to a variety of environmental electron acceptors [203]. It has 

been shown that FccA, which is also a fumarate reductase, can work as a moonlighting protein, 

allowing Shewanella to quickly switch between reduction of soluble (i.e. fumarate) and insoluble 

electron acceptors (i.e. metal oxides), bypassing transcriptional regulation [218]. 

At the outer membrane MtrA, MtrC and MtrB form a trans-outer membrane porin cytochrome 

complex of approximately 180 nm that spans the hydrophobic lipid bilayer of Shewanella [219]. It 

has been proposed that MtrB functions as a porin into which both MtrA and MtrC are inserted to 

allow direct electron transfer. Indeed, this porin protein can only be expressed in the folded state 

in the presence of MtrA [220,221]. Recently the overall domain organization of this complex was 

determined by small angle neutron scattering [219]. This study revealed that the length of MtrAB 

is approximately 100 Å, the same length as MtrA when isolated from the complex, which 

suggests that MtrA most likely inserts through the entire length of MtrB [219,222]. S. oneidensis 

MR-1 contains a series of paralogs of the porin-cytochrome complex MtrCAB, such as the 

MtrDEF that is preferentially expressed in biofilms and aggregated cells and the SO4360-

SO4357 that was shown to function as a terminal reductase at the cell surface [211,223]. There is 

redundancy in these extracellular electron transfer pathways, with different proteins displaying 

overlapping functions [224]. This allows Shewanella to use distinct paralog modules of the Mtr 

respiratory pathway to transfer electrons outside of the cell [224,225]. 

MtrCAB complexes are well conserved among all analyzed Shewanella species, suggesting that 

this complex is crucial for mineral reduction [226]. S. oneidensis MR-1 also produces a second 

outer membrane protein, the decaheme cytochrome OmcA, that is co-expressed with the 
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complex MtrCAB [227,228]. OmcA was shown to be important for direct and indirect electron 

transfer and also for cell adhesion [229–231]. Interestingly, this protein although present in 

numerous Shewanella sp., is not conserved, existing as an undecaheme c-type cytochrome, 

UndA, also localized at the cell surface [232].  

The reduction of metals can occur directly with the contact of the outer membrane cytochromes 

OmcA and MtrC, or indirectly with secreted flavins that mediate electron transfer between the 

cytochromes and more distant solid electron acceptors [193,233–235]. Recently, it was demonstrated 

that nanowires from S. oneidensis MR-1, usually produced under electron acceptor limiting or 

low agitating conditions  are extensions of the outer membrane [236–238]. These extensions 

function as electron conduits for the reduction of solid electron acceptors, being composed by 

both periplasmic and outer membrane proteins [238]. However, in this organism not all 

compounds are reduced outside of the cell by outer membrane cytochromes. Selenite reduction 

was shown to be reduced by FccA, given that this process was severely suppressed in 

Shewanella mutants lacking this protein [239]. 

  

2.2.2 The Pcc pathway of G. sulfurreducens 

Like Shewanella, the extracellular electron transfer pathway used by organisms belonging to 

Geobacter genera is composed by numerous multiheme c-type cytochromes, that are present in 

the inner membrane, the periplasmic space and at the outer membrane of these organisms [240,241] 

(Fig.4 B). 

In G. sulfurreducens, at least two electron transfer pathways out of the inner membrane were 

proposed for the reduction of electron acceptors with distinct reduction potentials [198,200]. While 

the inner membrane cytochrome ImcH (Inner membrane cytochrome for high potential) is 

required for the reduction of high reduction potential extracellular electron acceptors [198], the 

CbcL (c- and b-type cytochrome for low potential) inner membrane cytochrome dominates when 

the extracellular electron acceptor presents a reduction potential at or below -0.1 V vs. SHE [200]. 
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In the periplasmic space, members of the periplasmic triheme PpcA (periplasmic cytochromes)-

family (PpcA, PpcB, PpcD and PpcE) were shown to be important for the reduction of different 

metals [155]. These proteins, together with the dodecaheme cytochrome GSU1996, predicted to 

function as a nanowire protein in the periplasmic space of Geobacter, are proposed to transfer 

electrons across the periplasmic space of this organism [242]. 

To transfer electrons outside of the cell, G. sulfurreducens uses trans-outer membrane porin-

cytochrome protein (Pcc) complexes, similar to the porin-cytochrome complex MtrCAB from S. 

oneidensis. These include the porin-like outer membrane protein OmbB and OmbC, the 

periplasmic octaheme cytochromes OmaB and OmaC and the outer membrane dodecaheme 

cytochromes OmcB or OmcC [243]. The functional and organizational differences between Pcc 

and Mtr proteins suggests that these two systems evolved independently to mediate electron 

transfer across the bacterial outer membrane using the same design principle [243]. It was shown 

that besides these Pcc complexes G. sulfurreducens also contains the ext genes that comprise 

three new clusters, the extABCD, the extCD and the extEFG, proposed to be involved in electron 

transfer across the outer membrane [244]. Knock-out and complementary studies demonstrated 

that this organism uses different conduits to transfer electrons outside of the cell, and that their 

use depends on the extracellular substrate [244]. While strains lacking both OmcBC and ExtEFG 

showed a significant impact in Fe3+ reduction, the deletion of the five gene clusters abolished all 

metal reduction [244]. 

At the cell surface, G. sulfurreducens contains electrically conductive pili (e-pili) and other c-

type cytochromes that were shown to be important for metal reduction [245]. Among these are the 

OmcE, the OmcS and the monoheme cytochrome OmcF [155]. OmcE and OmcS were initially 

proposed to serve as intermediates to transfer electrons to e-pili [246]. The conductive structures e-

pili, assembled from the PilA pilin monomer, were shown to allow the discharge of respiratory 

electrons at rates that greatly exceed the rates of cellular respiration [192]. However, the recent 

discovery that the hexaheme cytochrome OmcS from G. sulfurreducens can assemble into 
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conductive filaments, revived the discussion on the function and composition of nanowires in 

Geobacter [247–249].  

The ability of G. sulfurreducens to perform extracellular electron transfer was prevented by the 

deletion of the gene encoding the monoheme outer membrane cytochrome OmcF [250]. Although 

this protein is not directly involved in metal reduction, it was demonstrated that it is crucial for 

the transcription of other outer membrane cytochromes, in particular of OmcB, necessary for 

metal reduction [250,251]. 

Besides multiheme c-type cytochromes, other types of proteins were shown to be fundamental 

for metal reduction. These include the putative porin protein OmpJ  and the multicopper proteins 

OmpB, both localized in the outer membrane of G. sulfurreducens [252,253]. OmpJ protein is 

required to keep the integrity of the periplasmic space necessary for proper folding and 

functioning of periplasmic and outer membrane electron transport conduits [252]. Although OmpB 

is specifically required for the reduction of Fe3+ oxides, but not soluble forms of Fe3+, its 

functional role is still unknown [254]. A homologue of OmpB, designated OmpC, was also shown 

to be required for iron oxide reduction [255]. 

G. sulfurreducens can also secrete proteins that facilitate the final steps of electron transfer, 

analogous to how secreted redox-active molecules accelerate metal reduction [193,194]. The 

triheme c-type cytochrome PgcA found in the extracellular space of this organism, but that is 

loosely bound to the outer membrane, was shown to facilitate electron transfer at mineral 

surfaces [256]. 

  

2.2.3 Other known pathways  

Besides Gram-negative bacteria, Gram-positive bacteria and Archaea that lack an outer 

membrane are also capable of reducing insoluble metals. Indeed, until recently, given the thick 

peptidoglycan cell wall of Gram-positive bacteria it was argued that these organisms were not 

capable of performing extracellular electron transfer [257].  
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The Gram-positive Thermincola potens strain JR, isolated from the anode of a microbial fuel cell 

inoculated with anaerobic digester sludge was shown to be able to use soluble electron shuttles 

for transferring electrons onto iron hydroxides, although no evidence of excretion of soluble 

mediators was observed [257]. In contrast, T. ferriacetica is capable of directly transferring 

electrons from acetate to the anode of a microbial fuel cell [258]. Trypsin-shaving experiments 

together with surface-enhanced Raman spectroscopy of T. potens JR allowed the identification of 

several multiheme c-type cytochromes that were proposed to form an extracellular electron 

transfer pathway to transfer electrons outside of the cell (Fig. 4 C) [259]. 

This pathway is comprised by the inner membrane decaheme cytochrome TherJR_1117 

(Tferr_0075), the periplasmic decaheme cytochrome TherJR_0333 (Tferr_1887), the hexaheme 

cytochrome TherJR_1122 (Tferr_0070) that is proposed to be embedded in the peptidoglycan 

cell wall and the nonaheme cytochrome TherJR_2595 (Tferr_3193) present at the cell surface. It 

has been proposed that this pathway allows electrons to be transferred across the cell wall, and 

that the cell surface protein is responsible to transfer electrons with the insoluble electron 

acceptors. Although until now it is not possible to delete genes in these organism to confirm the 

functional roles of the identified cytochromes, some of these proteins were already produced and 

characterized in detail [207,260]. 

The Gram-positive bacterium Carboxydothermus ferrireducens can also use direct electron 

transfer to reduce ferrihydrite [261]. Although no cell-surface proteins have been identified yet, it 

was demonstrated that pili are expressed during insoluble mineral respiration, and that a 

cytochrome Fe(EDTA) reductase present at the outer membrane is involved in the pathway [261]. 

Although the pathways for most of DMRO are still unknown, for several of these organisms the 

proteins that are involved in metal reduction were identified. For example, the periplasmic 

cytochrome c3 from Desulfovibrio sp. were demonstrated to reduce metals, such as Fe3+, Cr6+ 

and U6+ [262]. Nuclear magnetic resonance studies have shown that in the case of the periplasmic 

cytochrome c7 from Desulfuromonas acetoxidans, the interaction with Cr6+ occurs close to heme 
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IV, the heme that is proposed to be also involved in electron transfer with hydrogenase [263,264]. 

 

3 HEALTH RELATED APPLICATIONS 

 

Extracellular electron transfer can impact the health of humans and other eukaryotes in numerous 

ways. For example the capacity of some bacteria to reduce arsenate present in geological sources 

to arsenite mobilizes this toxic metal into aquifers putting the health of populations, livestock 

and crops at risk [265]. A well-researched case is the contamination of water for drinking and 

farming in Bangladesh where arsenic levels often exceed by large margins the recommended 

values of the World Health Organization. The microbial communities responsible for this 

mobilization of arsenic are constituted by organisms that are also capable of reducing other 

metals in the environment such as iron [265]. Another example of the importance of extracellular 

electron transfer in health is its contribution to biofilm stability. P. aeruginosa is a notorious 

opportunistic pathogen and the formation of biofilms is modulated by the availability of iron. 

Interestingly, P. aeruginosa can produce phenazines that modulate the redox state of 

extracellular iron favoring ferrous iron, and this way evade therapies that target ferric iron [266]. 

These therapies benefit for the knowledge gathered on the structure, reactivity and selectivity of 

siderophores. Indeed, siderophores have been used in medical applications since the early 1960s, 

almost since their discovery [76,267]. They were first applied to the treatment of iron overload 

diseases or diseases that require excessive blood transfusions including patients suffering of β-

thalassemia. Desferrioxamine a siderophore produced by Streptomyces pilosus was the first 

example used as a chelating agent for excessive iron, forming ferrioxamine (Fe-complexed form) 

which is water-soluble and can be easily excreted though the kidneys.  Desferrioxamine (branded 

as Desferal) gave then rise to more effective drugs such as deferiprone (branded as Ferriprox) 

and deferasirox (branded as Exjade) and these are still used for treatment of iron overload in 

diseases that include β-thalassemia, Haemochromatosis and Sickle cell disease. These drugs are 
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also used for the treatment of aluminum poisoning [268,269] 

Given the high affinity for iron of siderophores, their use in combating infectious diseases can 

also be extremely powerful. Overall, the potential role of iron in immunity dates back the early 

1940s, and nowadays it is known that eukaryotic hosts produce proteins such as transferrin that 

keep the levels of circulating iron in the body too low for microbial growth. This process is 

known as nutritional immunity and therefore, iron acquisition systems are considered virulence 

factors. This in turn makes them targets for the development of new therapies against infectious 

diseases or against cancer where cell proliferation requires high amounts of iron [270]. The overall 

strategy consists in using siderophores for selective drug delivery in a way that is designated 

“Trojan-Horse” strategy [271]. It consists in a siderophore-based antibiotic where a siderophore is 

joined with an antibiotic which can further bind iron forming an antibiotic-siderophore-Fe3+ 

complex. The use of these siderophores allows for selective delivery of the antibiotic by 

exploiting the ability of siderophores to carry iron inside the bacterial cell by interacting with 

specific receptors at the cell surface. Interestingly, this strategy was not a human invention. 

Instead these types of siderophore-antibiotic conjugates exist in nature and are usually referred to 

as sideromycins. Sideromycins are bacterial molecular weapons for killing other competing and 

undesired bacterial cheaters preventing them from further stealing of xenophores [272,273]. 

 

4 ENVIRONMENTAL APPLICATIONS 

The capacity of microorganisms to perform extracellular electron transfer has been harnessed for 

environmental remediation and industrial biomining [274]. The latter has most frequently been 

used to obtain copper and gold from low grade ores in mines but many other metals such as 

cobalt or uranium can be obtained. Bioremediation uses bacteria or plants (called 

phytoremediation) to decontaminate soils or aquatic environments, often with dramatic savings 

in landscape damage and economic cost versus conventional treatments [275]. Of particular 

relevance is the decontamination of groundwater in nuclear sites by metal reducing bacteria. A 
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wide diversity of microorganisms is able to interact with numerous radioactive metals and other 

elements such as uranium, technetium, neptunium, plutonium, americium, strontium, iodine, and 

cesium. The case of uranium has been intensively studied and different strategies are used by 

different organisms that are harnessed to remove this radioactive metal from the groundwater 

[276]. Numerous metal and sulfate reducing bacteria are able to use uranium as terminal electron 

acceptor and therefore precipitate it out of the aquifer.   

In the case of plants, but also for some applications with bacteria, biosorption is a promising 

strategy for decontamination of metal pollution. This rests of the fact that despite the greater 

emphasis on the affinity of organisms for iron they can also bind with lesser affinity to toxic 

metals such as V4+, Cr3+, Al3+, Eu3+ Pb2+, Sn2+, and Tb3+. This property mediated by siderophores 

and metallophores plays an important role in detoxifying the environment for the microbial 

community. Lower affinity binding causes heavy-metal bound siderophores not to enter the cell 

efficiently, preventing in this way the uptake of heavy metals [277]. Furthermore, bacteria secrete 

other metal uptake systems which may play a key role in detoxification mechanisms [278]. 

Understanding the assimilatory metal uptake is relevant for the field of microbial ecology and 

environmental restoration where siderophores can be used to enhance the growth of uncultured 

microorganisms and to manipulate the microbial community in soils [269]. Currently only 0.1 to 1 

% of microbes can be cultivated in the laboratory, a microbiology problem regarded as the “the 

great plate count anomaly” which results from the difficulty of replicating in the laboratory some 

of the basic microbial requirements. Several strategies have been employed and the co-culture 

approach of Lewis and Espstein revealed siderophores as the first class of growth factors for 

uncultured bacteria [269,279]. It has been reported that the production of siderophores can be an 

altruistic behavior where siderophore-producing bacteria are invaded with bacteria that do not 

produce siderophores but have the ability to utilize them to meet their iron requirements [277]. In 

this way, siderophores allow the proliferation of multiple microorganisms but also alter and exert 

control in the soil microbial community. Similarly, to promoting the growth of microorganisms, 
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siderophores can also promote plant growth. Acting simultaneously as potential biocontrol 

agents and/or used for soil bioremediation. Iron starvation can reduce the quantity and quality of 

crop production. Utilization of certain type of bacteria such as different Pseudomonas species 

can promote plant growth by secreting siderophores such as pyoverdine. This provides plants 

with an iron source but also reduces the iron availability for plant pathogens [269]. The other area 

where understanding metal uptake in bacteria is the potential use of microorganisms in 

bioremediation.   

 

5 BIOTECHNOLOGICAL APPLICATIONS 

The current excitement surrounding extracellular electron transfer stems very much from the fact 

that it seats at the core of an emerging portfolio of technologies based on bioelectrochemical 

systems. These systems connect the microbial metabolism to an electrical circuit and this way 

have the potential to transform industrial biotechnology. Most of the efforts in 

bioelectrochemical systems are focused on the treatment of wastewater that can be coupled with 

energy production. This allows to decrease the energy demand on wastewater treatment 

facilities, that usually are energy- and chemical-intensive and require large investments without 

any revenue generation [280]. Furthermore, bioelectrochemical systems allows a cheap source of 

power for other sustainable processes, such as the bioelectrosynthesis of biofuels and useful 

chemicals, biosensing  and desalination of water [281–283]. Indeed, the ability of microorganisms to 

receive electrons from a cathode allows them to use wastes for the production of ethanol, butanol 

and succinate [284]. Furthermore, these systems are currently being explored for the production of 

fertilizers from source-separated human urine, contributing to the circular economy of nutrients, 

whereby valuable nutrients such as phosphorous can be recovered from wastes [285]. Another 

promising use of bioelectrochemical systems is as biosensors, where the microbe can sense or 

recognize specific elements allowing the detection of bioactive substances or environmental 

pollutants [282]. 
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The promising application of microorganisms able to perform extracellular electron transfer in 

biotechnological applications have increase the discovery of this type of organisms  as well as 

the understanding of the mechanistic processes by which they interact and react with external 

substrates [154,190,286]. Still major breakthroughs and improvements are needed to make 

bioelectrochemical systems a run-of-the-mill technology for energy production and added-value 

compounds production from wastes [287,288].  

 

6 GENERAL CONCLUSIONS 

From the sections above it is clear that there are numerous issues still open with regards to the 

mechanistic details surrounding extracellular redox chemistry. For example, details on the 

molecular mechanisms of numerous of the metal transporters are still lacking. Even the 

structures of ferric siderophores and other metallophores are still unknown. This mechanistic and 

structural knowledge has the potential to impact in the development of strategies to manage 

infection of eukaryotic hosts, or the productivity of agricultural soils. Concerning the 

dissimilatory reducing mechanisms, the current paradigm is focused on metabolic routes 

dominated by multiheme cytochromes but other alternatives are cropping up in the literature [289]. 

This suggests that we may have just scratched the surface of the subject, with important 

consequences for sustainable waste management, bioremediation of metal-contaminated 

environments and mining of low-grade ores. Finally, a very exciting prospect derives from the 

observation that some of the organisms engaged in extracellular redox chemistry are 

enterobacteria, or closely related. It opens the opportunity to manipulate the microbiome in the 

gut of multicellular eukaryotes by means of extracellular redox chemistry. Given the 

strengthening perception of the role of the gut-brain axis in in neurological disorders this has the 

potential to open a new front in the management of debilitating psychiatric, age-related, or 

neurodegenerative diseases [290]. A precedent of natural community electrically interconnected 

via extracellular electron transfer exists. It was found surrounding a deep-sea vent [291]. 
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ABBREVIATIONS AND DEFINITIONS 

ABC- ATP binding cassette 

AMP- Adenosine mono phosphate 

ATP- Adenosine tri-phosphate 

DMRO- Dissimilatory metal reducing organisms 

DNA-Deoxyribonucleic acid 

ECF- Energy-coupling factor 

EDTA- Ethylene diamine tetra-acetic acid 

FNR- Fumarate and Nitrate reductase transcriptional Regulator 

FSE – ferric siderophore esterase 

FUR- Ferric uptake regulator 

IEP- Inner membrane efflux protein  

MDR- Multidrug resistance 

MFS- Major facilitator superfamily 

MFS- Major facilitator superfamily 

MSDs- Membrane-spanning domains  
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Mtr- Metal-reducing 

NADH- Nicotinamide adenine dinucleotide  

NADPH- Nicotinamide adenine dinucleotide phosphate 

NBDs- Nucleotide-binding domains  

NEAT- Near-transporter 

NiCoT- Nickel/Cobalt transporters  

NIS- NRPS-independent siderophore 

Nramp- Natural resistance-associated macrophage proteins 

NRPS- Non-ribosomal peptide synthetase 

OEP- Outer membrane efflux protein  

OM- Outer membrane  

OMR- Outer membrane receptor 

Pcc- Porin-cytochrome 

PEP- Periplasmic efflux or accessory protein 

RiPP- Ribosomally produced and post-translationally modified natural products 

RNA- Ribonucleic acid 

RND- Resistance, nodulation, and cell division 

SAXS- Small angle X-ray scattering 

SBP- Solute-binding proteins 

SHE- Standard hydrogen electrode 

SIP- Siderophore-interacting protein 
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Table 1.  Essential metals, properties and bioavailability.   

Metal 
Common 

oxidation states 

Ionic 

Radius (Å) 
Redox 

Concentration 

in cells (M) 

Concentration 

in oceans (M) 

Mg +2 0.72 No 10-3 5 x 10-2 

Ca +2 1 No 10-7 10-2 

Zn +2 0.74 No 10-11 10-8 

Fe 
+2 

+3 

0.78 

0.65 
Yes 10-7 10-17 

Cu 
+1 

+2 

0.77 

0.73 
Yes 10-15 10-9 

Mn 
+2 

+3 

0.83 

0.65 
Yes 10-7 10-9 

Co 
+2 

+3 

0.75 

0.61 
Yes 10-8 10-11 

Mo 

+3 

+4 

+6 

0.61 

0.65 

0.59 

Yes 10-6 

10-7 

Ni 

+1 

+2 

+3 

0.64 Yes  10-9 

a  Table adapted from [11,292,293]. 
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Figure Legends 

 

Figure 1.  Examples of siderophores highlighting the different classes. 

 

Figure 2.  Siderophore pathway. Apo-siderophores are produced via the NIS or the NRPS 

pathways and then secreted outside via MDR transporters were they will incorporate Fe3+  

forming ferric-siderophores. These and then taken up to the periplasm by energy-dependent 

(TonB ExBD) OMRs where they are delivered by SBP to ABC-transporters. Once in the 

cytoplasm ferric-siderophores are either hydrolyzed by FSE or reduced by SIPs, releasing Fe3+ or 

Fe2+ respectively.  

 

Figure 3. Scheme of a microbial fuel cell with DMRO growing on the anode. Current in the 

circuit derives from the flow of electrons from the anode to the cathode for the reduction of 

oxygen. On the anode side direct electron transfer is represented on the top and indirect electron 

transfer via electron shuttles (yellow circles) is represented on the bottom.  

 

Figure 4. Scheme of the extracellular electron transfer pathways in (A) S. oneidensis MR-1, 

using the structures of STC (PDB code 1M1Q), FccA (PDB code 1D4D), MtrC (PDB code 

4LM8), OmcA (PDB code 4LMH) and the SAXS model of MtrA [222]. For CymA the model was 

made with SWISS-MODEL using the template of NrfH (PDB code 2J7A); (B) G. 

sulfurreducens, using the structure of PpcA (PDB code 1OS6), OmcF (PDB code 3CU4), OmcS 

(PDB code 6EF8).; and (C) T. potens strain JR using the structure of OcwA (PDB code 6I5B). 

All the structures were made using Pymol. The other cytochromes, for which no 3D-structure is 

available, are represented in gray with the hemes in red. 
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Figure 4. 

 

 

 


